ABSTRACT
I. INTRODUCTION
Biomicrofluidics has been widely cited as an emergent area of research over the past ten years, that has yet, to a large extent, to deliver the anticipated technological breakthroughs and wealth creation. The field is centred on scaling laboratory processes into automated microfluidic devices, exploiting the enhanced mass and energy transport phenomena and smaller reagent and sample sizes required for analysis at the reduced scale. Much of the recent development in microscopic fluid dynamics is connected with the need to improve biomedical research and clinical diagnostics, such as cancer diagnostics [1] . A barrier in scaling laboratory processes into automated microfluidic devices has been the transfer of lab based assays: where engineering meets biological protocol. Biological cells often adhere, disintegrate, clump, coagulate and even mutate in a complex and unpredictable manner. Because of this, the ostensibly straight-forward task of dispensing a consistent and accurate number of cells is not trivial. Considerable temporal and spatial variability in the distribution of cells to inlet channels can be experienced, hindering the commercial development of bio-microfluidic platforms. Moreover, in the past few years there has been a growing interest in developing alternative methods for animal testing; for any sort of cell toxicity tests, for instance, the need to accurately know the number of cells under investigation is a primary concern. In order to overcome these problems, an automation of the standard biological protocol that previously required manual operations is performed. In the Trypan Blue assay the percentage of cell suspension that is viable is calculated from a sample of the entire cell population [2] , which exhibits a high degree of variability.
Several techniques and patents have been established to address the counting problem, and most of them require the addition of chemical solutions into the suspension, or the use of sophisticated apparatus. The Coulter counter [3] , developed in the '50s, is one of the most widely used apparatus for counting and sizing cells. Cell quantification is derived from the change in electric conductance of a small aperture when media containing cells passes through. Several attempts have been made to apply the Coulter counter principle to the micro scale. Gawad et al. [4] reported a microscale chip device for particle and cell sizing. Human erythrocyte and erythrocyte ghost cells were discriminated through electric impedance measurements. Counting and sizing of bioparticles have been carried out by Zhe et al. [5] using a micro Coulter counter with multiple sensing microchannels. The importance of optically visualizing the cells which are going to be tested, however, is becoming highly important, especially in morphological studies and long-term monitoring of cells, bacteria [6] and micro organisms [7] . Visually counting the cells is a tedious process, requiring tens of hours for several minutes of video. Automated approaches have been developed for detecting [8] and tracking [9] B-cells in vivo and in vitro [10] , but are computationally expensive, requiring many hours for one single video. Recently, Boyer et al. [11] enhanced the tracking process using a CUDA-capable GPU, improving the process 200 fold. Phukpattaranont and Boonyaphiphat [12] developed a method to automatically count single images of breast cancer cells using a segmentation method. The image is first preprocessed, where the image colour is changed and an anisotropic diffusion is applied; then divided into single cells using watershed segmentation. Sizto and Dietz [13] patented a device which quantifies cells using a peak identification procedure. Cells are discriminated by a peak amplitude comparison with adjacent pixels. However, this method fails to distinguish overlapped cells and clusters of cells.
In this paper a simple alternative optical method is presented, based on the integration of a fluorescence detection system, composed of a microscope and a CCD camera, with a simple script. The basic idea is to quantify the number of cells by dividing the total fluorescent intensity of an image by the average intensity of a single cell. The error associated with this system is in the order of +/-5%, which is mainly caused by the different fluorescent intensity of the cells. This is because cells may be located at different depths in the microchannel and the intensity is proportional to their distance from the focal plane. To achieve a uniform cell intensity, hydrodynamic focusing can be applied.
Hydrodynamic focusing has been applied in many applications including flow cytometry [14] , cell sorting [15] and micro-PIV [16] . The original design of macro flow cytometers [17] was axisymmetric where a high gauge blunt needle was placed concentrically within a glass capillary tube. The limitation in fabrication capability at the small scale has resulted in adapting this design to more simplified planar ones [18] . In planar 2D micro-flow cytometers, the sample stream is focused in one direction by two high-flow-rate sheath flows. The first application of 2D focusing to the microscale was made by Knight et al. [19] , which developed a micromixer able to control the sample width from 10µm to 50nm. Lee et al. [20] investigated the parameters controlling the profile of the sample flow into a microchannel, showing that the size of the focused stream can be reduced to the same order of magnitude as that of 20µm micro beads. In classic 2D hydrodynamic focusing microdevices [21] cells are only compressed on the horizontal dimension, therefore they may not pass the focused stream in a single file, even though its width has the same order of magnitude as that of the cells size, due to the wide vertical distribution of the cells. Furthermore, many detection devices are often unable to detect cells if their depth in the sample is out of the focal plane; those cells generate background noise and reduce the signal-to-noise ratio. To overcome these problems Simonnet and Groisman [22] have applied the hydrodynamic focusing technique to the vertical dimension in a PDMS microdevice, squeezing the sample flow into a region equal to 10% of the channel height. Recently, Lin T.A. et al. [23] have numerically investigated two possible geometries to confine cells in a small vertical displacement.
A microdevice has been developed to compress the flow both in the vertical and the horizontal directions, and the two focusing can be obtained independently. CFD simulations and Confocal Laser Scanning Microscopy images are compared to demonstrate that, if vertical hydrodynamic focusing is applied, cells will be constrained in a small region in the centre of the channel. The reduction in the z displacement of the cells should lead to a more uniform intensity distribution and improve the signal to noise ratio, thereby reducing the uncertainty of the method. This paper is structured as follows. First, the cell line and culturing method along with the experimental apparatus and the device used within this study are described. The optical counting technique is explained in Section II.C. This is followed by results demonstrating the performance using B-lymphoid leukaemia cells. These cells were used arising from a broader interest in cells of this type.
II. METHODS

A. Cell culturing and staining
A REH suspension cell line, B-lymphoid precursor leukaemia, was cultivated in vitro in RPMI 1640 (Sigma Aldricht) medium, with 1% L-Glutamine 200mM, 1% Penicillin Streptomycin and 10% Fetal Bovine Serum. Cells were routinely incubated at 37 o C and 5% CO2. Prior to testing cells were stained with a Celltracker Green CMFDA dye, supplied by Invitrogen (ab 492, em 517). CMFDA is colourless and non-fluorescent until it reaches the centre of a viable cell, therefore only living cells emit a fluorescent signal.
B. Testing and simulation
REH cells experiments were carried out using a 200 µm ID Teflon FEP microtube (Upchurch Scientific) which is introduced into a microchamber. To facilitate imaging, the chamber and outer surface is filled with an index matching liquid (mixture of water and glycerine). The cell culture media, RPMI 1640, containing cells was utilised as the working fluid and the flow was controlled by a syringe pump (Harvard Apparatus). High velocity values can cause disruption of the cell membrane and lysis of the cell [24] , therefore the flow rate used was 0.5 µl/min, which provides an average velocity of 0.0264 cm/s and a Reynolds number of 0.05, indicating laminar flow. The microchamber is placed on the top of an Olympus IX50 inverted stage microscope, as shown in Fig.1 , and the illumination beam is produced by a 100W Mercury Burner, a continuous illumination source, emitting light across a bandwidth of 250-600 nm. Images of the cell flow are recorded using a CCD camera and analysed with a Matlab script, R2008a. A dispenser assembly is used to avoid cell aggregation and to inject a uniform number of cells per unit of time. Fig. 2 shows a schematic of the microdevice used within this study for confocal experiments, with four inlets and one outlet. The device was manufactured from two layers using a soft lithographic method, with a base of PMMA and multiple depositions of SU-8 on top. The main channels are 380x400µm in size and cells are injected from the inlet B. For the application to the optical counting technique the sample flow is vertically focused by the sheath flows A and C, with a small horizontal focusing effect applied by the sheath flow D. CFD simulations showed that the spacing between channels B and C, specified at 500µm, had no significant influence. Confocal images were performed on the microdevice for hydrodynamic focusing experiments using an inverted Confocal Laser Scanning Microscope (CLSM) (LSM710, Zeiss, Inc.). The microscope was equipped with a 1mW Helium Neon laser (543nm) and a 25mW Argon laser (488nm). The first excitation source was used to visualise the sample fluid. The second excitation source was used to visualise the walls of the microdevice made of SU-8, to give a reference of the position of the sample in the channel. Crosssectional images of the microchannels were scanned using a 10x (NA 0.30) objective lens. Images were acquired at a resolution of 1024x1024 pixels and 410 µm sectioning were scanned at 4 µm per z-sectioning step. The sample fluid contained 10µM dextran conjugated AlexaFluor-555 (Invitrogen) in DI water, and DI water was used for the sheath fluids. Confocal images were compared to CFD simulations performed with COMSOL Multiphysics 3.4 using the incompressible Navier-Stokes and diffusion modules.
C. Optical counting technique
The standard biological counting technique is the Trypan Blue exclusion assay [2] . The protocol of the Trypan Blue assay consists of a series of steps: first, preparation of a cell suspension of the cells to be assayed (about 10 6 cells/ml). Alternatively, on the method proposed, cell quantification is derived from an intensity count of the image using a Matlab script. The different steps required to obtain the cell quantification are shown in Fig. 3 , where (a) and (b) are the original images taken by the camera and (c) and (d) are the pixel intensity of (a) and (b). A load of cells at a concentration of 2x10 6 cells/ml is injected into the tube. A sequence of frames is recorded using a CCD camera at a sampling frequency of 30 Hz and exposure time of 33,333 µs. The image resolution is 640x480 pixels, corresponding to 364x300 µm with a 10x objective lens. The original image is converted into a pixel intensity image, and a threshold is applied to remove background noise and irregularities. The total fluorescent intensity of the image is calculated by summing the intensity of every pixel in the image. The total fluorescent intensity value is then divided by the average intensity of a single cell to give the number of cells in that particular image. The average fluorescent intensity of a single cell is found by converting an original image of a cell, Fig 3(b) into a pixel intensity image , Fig 3(d) . Due to the variability in size and shape of cells in motion, as described in Section III, this count is repeated three times, considering cells of different dimensions, and the mean value is taken. This technique allows the number of cells in the field of view of the camera to be determined at regular time intervals. This can be done because the average velocity with which the cells travel through the field of view is known. On average it takes 1.5 seconds for the cells to pass through the field of view. By taking 45 frames at a frame rate of 30 Hz (i.e. 1.5 seconds), the average number of cells passing through the field of view can be found for this time interval by taking the average number of cells in each of the 45 frames. This approach takes into consideration both the size and the intensity of the cell.
In a laminar regime, due to the parabolic velocity distribution, cells at different z position in the tube have different velocity magnitude; hence two cells can be overlapped within the flow, resulting as a single cell twice brighter than the others. The method, considering both pixels and intensities, is able to count the two separated cells even if they are overlapped, as shown from the comparison of Fig. 3(a) and Fig. 3(c) . Fig. 3(c) also shows the wide range of pixels intensity associated to the cells, due to their different vertical position in the channel. If the distribution of pixel intensity of the different cells is too broad, the linear superposition of individual cell intensity is invalidated. By reducing the z distribution of the cells activating only the vertical focusing of the microdevice, the measurement accuracy should improve. 
III. RESULTS AND DISCUSSION
Discussed first is the validation of the Trypan Blue exclusion assay, shown in Fig. 4 where the cell availability is calculated from a manual count. REH cells were injected into a 200µm ID microtube at 0.5µl/min, and every 60 min, for five hours, one sample was collected at the outlet and counted in triplicate using a hemocytometer. Variability of approximately 50% was found from the triplicate measurement belonging to the same sample. Even if the mean value was relatively constant, the fluctuation was significant. Moreover, the exact concentration of cells cannot be quantified. Results also show that viability is not an issue, as the concentration of dead cells, i.e. not fluorescing cells, is negligible. This suggests that the shear force exerted by the flow on the cells is insufficient to cause lysis. For these reasons, availability of cells, rather than viability is an issue, and in the following, viability will not be considered. The results only give a rough approximation of the number of cells present in the sample taken from the cell preparation, before or after the injection. This indicates that a different methodology should be used to quantify the number of cells under test. In most studies cells are simplified as spherical particles, but their shape and size can change due to different reasons, such as the cell cycle phase or the flow rate imposed. Loiko et al. [25] gave a statistical distribution of the B-cells size using a flow cytometric technique. On the analysis of over 3000 lymphocytes (B cells and T cells), the size varied in the range from 4.8 µm to 12.0 µm. The mean value was found to be 7.8 µm, with a standard deviation of 0.7µm. A pixel count of the acquired images confirmed similar values: B cells size ranging from 12 to 26 pixels, equal to 6.5-14µm. The cell count obtained using the automated technique is compared to both the manual approach and to the visual count of the cells from the digital picture, and the results are shown in Fig. 6 . Results from the manual technique are again acquired every 20min for three hours, and the average of the three values is plotted against time. Visual manual counting is considered most accurate owing to the "unbeatable combination of the human eye and brain" [26] , but is time consuming and not practical. To compare together the different results obtained from different tests, all the experimental profiles were normalized with respect to the initial concentration at time zero, before injection. The method proposed shows an average error of 4.7%, with a maximum value equal to 11% obtained after two hours. Moreover, for the first hour, the scatter is lower than 3%, giving sufficient time for a test to be run on the cells. On the other end, the average error associated to the manual technique is ≈18.7%, with a maximum value approximately 51%. The automated and the manual techniques also vary in trend, where the automated approach follows the trend of the visual counting, as opposed to the manual which varies significantly. After the first hour size and shape of the cells introduce an additional effect on the measurements. Due to the continuous stress applied by the syringe pump and the time spent out of the ideal growing conditions, size and shape distribution change much more, hence influencing the cell detection. Moreover, due to the physical properties of the cells, their distribution along the tube is not constant with time.
As previously mentioned, the intensity of overlapped cells is the linear superposition of their individual intensity. However, if more than three cells overlap, saturation of the pixel occurs. The fluorescent intensity of four cells overlapped, for instance, is the same of that of three cells. The use of a sensor with a different response, such as a CMOS sensor with a LinLog curve may overcome this problem. In addition, the distribution of B-lymphoid cells along the full height of the microtube increases the range of fluorescent intensities, as seen in Fig. 3(c) . Out of focus cells, up to 100µm from the centre of the tube, reduce the reliability of the automated method and increase the measurement error, hence should to be avoided. The fluorescent intensity of in-focus cells can be two times greater than the fluorescent intensity of cells in the top, or bottom, of the tube. To solve both issues, the width of focus of the stream of cells can be reduced. The application of vertical hydrodynamic focusing [23] , using the microdevice described in Section II.C, to the automated counting technique should reduce the error associated to the method. Furthermore, many detection devices are often unable to detect cells if their depth in the sample is out of the focal plane; those cells generate background noise and reduce the signal-to-noise ratio. In the classical 2D focusing cells are often compressed horizontally, therefore they can overlap on the vertical dimension and result in a wide range of cell intensity. In order to reach a high throughput and the best performance, it is important to maximize the number of cells per image within the smallest z displacement, thereby vertical focusing is an ideal solution. Confocal experiments have been carried out to validate the use of the microdevice with the optical counting technique, and results are in good agreement with the CFD simulations. Size and position of the focused profile downstream the intersection with channel D are shown in Fig. 7 , where the 3D view of CFD (a) and confocal (b) images are compared. The sample, in red, was vertically focused by the sheath fluids A and C, and then horizontally focused by the sheath flow D, following the principle introduced by Chang et al. [27] . In green, the walls of the microchannel are shown. The size of the focused stream after the vertical focusing process is approximately 68µm, 18% of the entire channel height, Fig. 8 . The cross sectional profiles in Fig. 8(a) and (b) differ for the position of the centre of the focused stream, which was shifted down the vertical axis in (b). Flow rates used for both simulations and experiments were: Qa=Qc= 7 µl/min, Qb= 1 µl/min, Qd= 2 µl/min, with a velocity in the main channel E of 0.186 cm/s, which is a velocity achieved in most micro-flow cytometers [6, 28] . By varying the flow rate ratios of sample and sheath fluids, the size of the focused profile can be controlled and therefore the throughput of the optical counting technique. An optimum can be found for a specific application between less focusing/more cells and more focusing/less error associated with the method. For the values used within these experiments the throughput is around 100-200 cells/sec. The density of cells being delivered is higher than expected based on the cell dilution in the dispenser and is caused by cell sedimentation in the dispenser device. The range is consistent with the operation of Nieuwenhuis et al. [29] who used hydrodynamic focus-ing in a microfluidic Coulter counter. Their upper flow rate limit was 10 µl/s at which stage unstable flow occurred. The present device is similarly restricted but can operate at lower flow rates than the minimum 0.5 µl/s limit in the equivalent Coulter device. This is because the technique is not influenced by ion diffusion. The throughput is lower than dielectrophoretic devices, such as that of Cheng et al. [6] who achieved a throughput of approximately 500 cells/s in sorting a mixture of three bacterial strains. The present device, however, has been demonstrated to count only one cell type, but this is achieved with a less complex manufacture, negating the need for embedded electrodes, and using a readily implemented optical setup to interface with the device. 
IV. CONCLUSIONS
An automated optical counting technique was developed to efficiently quantify the number of cells being investigated. REH, B-lymphoid precursor leukaemia, are used within this study and frames of moving cells are recorded using a CCD camera. The method is based on a pixel intensity count of cells in motion in a digital image, and presents an averaged uncertainty of 4.7%, compared to the Trypan Blue assay, with an error margin of 18.7% observed by this study on replicate counting. Visual manual count of the cells from the digital picture is used as reference. The efficiency of the method can be further improved with the application of a microdevice for vertical hydrodynamic focusing, which will reduce the range of cell intensity and the risk of overlapped cells. An 82% reduction in the vertical distribution of the cells was found for the flow rate imposed. By varying the flow rate ratios of sample and sheath fluids, the size of the focused stream can be controlled, and therefore the throughput of the optical counting technique. For the values used within these experiments the throughput is around 100-200 cells/sec. This device can also be integrated upstream a detection system, such a micro flow-cytometer, and will add the potential to accurately and reliably quantify and analyse the cells being delivered.
